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ABSTRACT: The tendons in the turkey leg have speciﬁc
well-deﬁned areas which become mineralized as the animal
ages and they are a thoroughly characterized model system for
studying the mineralization process of bone. In this study,
nondestructive Raman spectroscopic analysis was used to
explore the hypothesis that regions of the turkey tendon that
are associated with mineralization exhibit distinct and
observable chemical modiﬁcations of the collagen prior to
the onset of mineralization. The Raman spectroscopy features
associated with mineralization were identiﬁed by probing (on
the micrometer scale) the transition zone between mineralized and nonmineralized regions of turkey leg tendons. These features
were then measured in whole tendons and identiﬁed in regions of tendon which are destined to become rapidly mineralized
around 14 weeks of age. The data show there is a site-speciﬁc diﬀerence in collagen prior to the deposition of mineral, speciﬁcally
the amide III band at 1270 cm−1 increases as the collagen becomes more ordered (increased amide III:amide I ratio) in regions
that become mineralized compared to collagen destined to remain nonmineralized. If this mechanism were present in materials
of diﬀerent mineral fraction (and thus material properties), it could provide a target for controlling mineralization in metabolic
bone disease.
A number of bird species have tendons that ossify in speciﬁcregions to maximize the stiﬀness of the organ and thus
improve its energy eﬃciency.1,2 An example is the extensor
tendon of the turkey leg which begins to mineralize proximal
and distal to the tarsometatarsal joints when the bird is 10−14
weeks old.3,4 This mineralization pattern creates two zones of
“transition” (1−2 mm wide) between mineralized and
nonmineralized tendon; one is one-third of the length of the
organ from the proximal end, and the second is one-third of the
length of the organ from the distal end (Figure 1).
The turkey leg tendon (TLT) is a well-characterized system
and has been used to investigate the initiation and progression
of mineralization. Electron microscopy of turkey tendons has
been used to show initialization of mineralization in the gap
regions between the ends of the collagen molecules and X-ray
scattering has elucidated the nature of the lateral packing of the
collagen molecules. The collagen ﬁbrils become straighter and
more tightly packed, with mineral deposited from the center of
the tendon toward the proximal end.5
Biochemical analyses of the collagen from turkey tendons
have shown that diﬀerent post-translational modiﬁcations occur
in regions of the TLT associated with future mineralization
status, that collagen cross-linking in the mineralizing and
nonmineralizing regions diﬀer, and that the diﬀerences are
present in young animals prior to mineralization (the transition
zones were not analyzed in that study).6 Lysyl hydroxylation
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Figure 1. (A) Reverse gray scale radiograph of a (A) young, 11 week
old turkey and (B) a tendon from an older, 18 week old turkey.
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increases with age in nonmineralized and nonmineralizing
regions of the TLTs, but it decreases in (future) mineralized
regions. Furthermore, low levels of hydroxylysylpyridinoline
and lysylpyridinoline are associated with a mineralized collagen
matrix. It has been concluded that the areas of the TLT are
predetermined to become mineralized by the change in cross-
links and matrix metalloproteinase activities prior to mineral-
ization.7
Vibrational spectroscopic techniques are useful for analyzing
TLTs because they facilitate the assessment of both the organic
and inorganic phases of the tissue nondestructively. Fourier
transform infrared microspectroscopy (FTIRM) has been used
to study the alignment of both the mineral and protein
components of tendon tissue and the crystallinity of the
hydroxyapatite across the mineralization transition zone.8
Other infrared (IR) studies of mineralization in related
connective tissues have also been reported; these include in
vitro bone nodules,9 microdamaged sections of bone,10
cartilage,11 and dental lesions.12 FTIR studies of the turkey
leg tendon itself have shown that the mineralization
commenced in the middle of the tendon and progressed
proximally, with the mineral subsequently maturing; that is, the
more distal part of the tendon region is initially more mature
than the proximal end (until mineralization is complete).13
Raman spectroscopy, like IR absorption, is a vibrational
spectroscopy technique that is sensitive to both the organic and
inorganic phases of mineralized tissue; it is complementary to
FTIRM (chemically) but has an advantage in that it does not
suﬀer from interference by the presence of water (and thus
suitable for fresh whole organ analysis). Raman spectroscopy
has previously been used to assess bone strength14 and the
proﬁle of the amide I band (mainly carbonyl mode but with
contributions from CN) has previously proven to be sensitive
to mineralization status.15,16
In the present study, Raman spectroscopy is used to probe
the nonmineralized, transitional, and mineralized regions of
TLTs. Our study was as follows: (1) Probe the transition zone
of mineralized turkey tendons to identify the Raman spectral
markers that are associated with mineralization (i.e., mineraliza-
tion causes the “collagen ﬁbrils become straighter and more
tightly packed”) and (2) identify these spectral features in older
turkey tendons in mineralized and unmineralized regions.
We hypothesize that in the tendons of young turkeys the
collagen develops, in a site-speciﬁc manner, in preparation for
the deposition of mineral and that these site-speciﬁc diﬀerences
can be investigated with Raman spectroscopy. To test this
hypothesis, we probe younger (age 11 weeks) turkey tendons,
along their lengths, to identify the relevant spectral features
associated with mineralization.
■ MATERIALS AND METHODS
Materials. Twelve slaughtered turkeys were acquired from a
local farm (Hertfordshire, UK). Six of the birds were 11 weeks
of age (henceforth, “young” turkeys) and six were 18 weeks of
age (“mature” turkeys). Both extensor tendons were removed
from each animal by a veterinary surgeon and stored, fresh
frozen, at −80 °C.
Data Collection. Prior to Raman spectral interrogation,
each tendon was thawed at ambient temperature and then
radiographed (Faxitron 30 kV system).
The tendons were analyzed using a Renishaw inVia
(Renishaw plc, Gloucestershire, UK) Raman microscope
(×50 objective) equipped with an 830 nm laser (laser power
at the sample was ∼10 mW). Each tendon was analyzed in the
same orientation. A minimum of 10 spectra (3 s accumulation)
were acquired from each “mature mineralized” region, each
“mature nonmineralized” region, and each young (non-
mineralized) tendon. Additionally, spectra were acquired from
a tendon before they were frozen (i.e., fresh) and after they had
been returned to room temperature (i.e., thawed).
To match the location of the “future-mineralization” zone,
the length of all the older tendons were measured and the zone
recorded as “X% along the length”. The “future-mineralization”
zone was deﬁned as ranging from 17% to 21% (starting from
the natural bifurcation at the distal end, Figure 1).17 The same
method was then applied to the younger tendons; speciﬁcally,
the distal zone was ∼20 mm from the natural bifurcation at the
distal end, and spectra were acquired from this position
proximally in steps of 5000 μm for 4 cm (Figure 1). The total
number of spectra collected from each distal transition zone
was 10, totaling 120 spectra.
Data Analysis. All spectra were baseline-corrected using a
third-order polynomial (in house code, MATLAB, The
Mathworks, Inc., Natick, MA, USA) and normalized to the
amide III peak (1240 cm−1). For the mineralized regions the
Figure 2. (A) Raman line map across the mineralization transition zone; (B) the phosphate bands increase as expected but the proﬁles of the protein
bands also show prominent changes.
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mineralization ratio was calculated by dividing the intensity of
the phosphate ν1 band (∼960 cm−1) by the intensity of the
hydroxyproline collagen band (870 cm−1). Other collagen
analysis was performed using the amide III:amide I ratio
(∼1250:∼1665 cm−1) and the proline:hydroxyproline ratio.
Principal component analysis (PCA; MATLAB, The Math-
Works, Inc.) of the spectra was performed with the spectra
classed according to the distance from the distal end of the
tendon.18,19 Scores and cluster vector plots were produced to
visualize the spread of the data and the wavenumber variance,
respectively. A cluster vector is a combination of all of the
principal components directed through the mean of each class,
enabling any distinction between them to be visualized.
■ RESULTS
Transition Zone. The Raman spectral measurements across
the mineralization transition zone (Figure 1) show that
increasing mineralization (increasing phosphate band height)
correlates (r2 = 0.72) with the amide III:amide I ratio
(∼1250:∼1665 cm−1) increasing and the amide III band
changing shape (orange arrows in Figure 2B); these spectral
characteristics indicate that the mineralized tendon collagen is
ordered to a greater degree (more aligned) than the less
mineralized tendon and that the ratio of random-coil protein to
α-helical protein (amide III band 1268:1244 cm−1) is greater.20
Older Turkeys. Radiographs conﬁrm that the distal and
proximal ends of all the tendons from the older turkeys are
mineralized (Figure 1B). Spectra that were retrieved from the
mineralized and nonmineralized regions of the older TLTs
displayed obvious diﬀerences, speciﬁcally (and as expected), the
former contained phosphate and carbonate peaks, the latter did
not (Figure 3).
Younger Turkeys. Radiographs indicate that the tendons
from the young turkeys are not mineralized (Figure 1A).
Raman spectra conﬁrmed that there was no mineral (lack of
phosphate or carbonate peaks) in any of the young TLTs.
Spectra from the future-mineralized and future nonmineralized
regions of the tendons were very similar with no diﬀerences
discernible by eye.
PCA and resultant two-dimensional (Figure 4B; the y-axis is
for visualization purposes only) of the Raman spectra from the
young turkey tendons reveals that there is a transition along the
axis of maximal variance (PC1), separating the spectra acquired
from the distal side of the transition zone from those that were
acquired from the proximal side of the transition zone.
Furthermore, this spread reveals that there is more variance
between the spectra acquired from the distal tendon compared
to the spectra acquired more proximally. This spread of data
can be explained by interpreting Figure 4C (cluster vector plots
of Figure 4B): shows variation, mainly an increase in intensity
across the amide I (1665 cm−1), CH2 (1450 cm
−1), and
phenylalanine (1000 cm−1) bands as the distance from the
distal region is increased, that is moving toward the proximal
region. The 1650 cm−1 band (amide I) is less prominent, in
relation to amide III, in the more distally acquired spectra,
interpreted as being due to an alignment change in the collagen
ﬁbrils (the C−N bonds of the proline and hydroxyproline
Figure 3. Protein bands in the mineralized regions (18 week old
turkeys) are similar to those in regions that would have become
mineralized (if the 11 week old turkey had matured). The
nonmineralized regions (18 week old) have more similar spectra to
the regions that would never have become mineralized (i.e., the amide
III:amide I ratio is less, see inset).
Figure 4. Raman spectra from the young turkey tendons, grouped
based on distance from the distal end of the tendon. (A) Average
spectrum from each region; (B) PCA scores plot of the three regions
(black lines signify the spread); (C) corresponding cluster vector plot
from (B), with arrows indicating the main changes along the tendon
from distal to proximal.
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become perpendicular to the collagen backbone). These
features were also evident in the spectra acquired from the
mineralized region of the mature tendon (Figure 3).
Comparing Older and Younger Turkeys. The spectra
from the “future mineralized” and the “future nonmineralized”
regions of young turkeys share similarities with the tendons
from the older turkeys (Figure 4A); the distal (to-be-
mineralized) section has an increased amide III:amide I ratio
and a higher CH2 (1450 cm
−1) band compared to spectra
acquired more proximally (future nonmineralized region).
A direct comparison (Figure 3) of the spectral data from
both sets of TLTs illustrates the main ﬁndings: the collagen
spectra from the mineralized and “future-mineralized” regions
of the tendons are similar, speciﬁcally across the amide III band
where there is an increased 1270:1240 cm−1 ratio compared to
the nonmineralized tendons. There is a direct correlation
between this ratio and the height of the phosphate band in the
mineralized tendon. This ratio is increasing in the future-
mineralized TLTs and provides evidence that the collagen
changes occur prior to mineralization. Fundamentally, these
data show that the collagen becomes more orientated and
aligned. The collagen in the nonmineralized TLTs is
comparable to the future nonmineralized regions of the
young turkey tendons. The similarities and diﬀerences
measurable prior to mineralization conﬁrm that regions are
predetermined and that an appropriate extracellular matrix
(protein phase) structure is already in place.
Under the same conditions spectra were examined for
freeze/thawing induced changes from nonmineralized fresh
tendon before and after freezing, and were compared to the
diﬀerences in collagen due to mineralization. Speciﬁcally, the
amide III:amide I ratio of these frozen and thawed TLTs has a
range of 0.074; comparatively, the diﬀerence in amide III:amide
I of the nonmineralized TLTs has a range of 0.36.
■ DISCUSSION
Distinct Raman spectroscopic diﬀerences were found between
the mineralized and nonmineralized TLTs with the multivariate
analysis revealing a gradual change in the protein proﬁle across
the future-mineralized regions. Along the length of the mature
tendons the intensities of the mineral spectral peaks,
particularly the phosphate mineral band (strong Raman
scatterer), were correlated with position (% along the length)
from the natural bifurcation at the distal end (Figure 1B). It has
previously been shown17 (using ashing methods) that mineral
components are not present in turkey leg tendons at week 11
and it is generally agreed that mineralization does not
commence until the bird is 12 weeks old, our data are in
agreement with this consensus.
Previously published evidence also suggested that collagen
becomes more aligned as the mineral fraction increases, our
Raman data showed that as the phosphate Raman peak
increased across the mineralisation zone the collagen band
proﬁle showed changes that are indicative of increased collagen
alignment (i.e., increased amide III to amide I ratio).5
Mineralised collagen matrices have higher levels of
lysylpyridinoline mature cross-links compared to nonmineral-
ized matrices which have higher levels of hydroxylysylpyridino-
line.7 The only chemical diﬀerence is the former has an OH
bond, whereas the latter has a CH2 bond in the same position
on the pyridinoline molecule. We also note the height of the
CH2 band, as apparent in the Raman spectra at 1450 cm
−1,
drops in intensity relative to level of mineralization of the
TLTs.
Changes in collagen structure are found across other
mineralization interfaces, including tendon to bone of well-
aligned type I collagen ﬁbers, progressing through regions of
type II and III collagen, to mineralized ﬁbrocartilage, to
mineralized bone, with continuous changes in structure across
this ﬁbrocartilaginous zone, to transfer load.21 Furthermore,
there is evidence to suggest that the collagen ﬁbril alignment
from tendon to bone where the axial contraction and lateral
expansion of mineralized ﬁbrils serve as the mechanism for the
resultant strength of the attachment.22 It has also been shown
that the attachment of ligament to bone is based on a change in
the collagenous alignment and structure utilizing calciﬁed and
uncalciﬁed ﬁbrocartilage.23,24 The process of mineralization
involves alkaline phosphatase, present in the extracellular
matrix, providing the phosphate ions locally, and a prerequisite
for tendon and ligament repair, naturally and in vitro, has been
a collagen matrix.25,26
We should consider whether the freezing of the tendons
during storage has any impact on our results as there is
evidence that the freezing process induces changes in collagen;
this would of course not aﬀect the levels of mineralization. Our
results comparing amide III:amide I before and after freezing,
although a change was found, this was a magnitude smaller than
diﬀerences found due to mineralization. We do not believe
freezing has inﬂuenced our ﬁndings because all the tendons
were treated in the same way (i.e., it was not the case that, for
instance, the young tendons were frozen and the mature
tendons were not).
As established, the spectra from the mineralized TLTs have a
strong phosphate peak and an increased amide III:amide I ratio;
in comparison, the future mineralized collagen matrix also
exhibited changes in the amide III:amide I ratio. More
speciﬁcally, there was an amide III shape change where the
band at 1270 cm−1 was increasing (in the regions where the
collagen becomes more ordered).5 This diﬀerence is apparent
between the nonmineralized and future-mineralized one; that
is, it is not present in the former. The lower degree of
intracategory variance in the distally acquired spectra from the
mineralization transition zone suggests that the collagen is
diﬀerent than that in the proximal region and is more aligned,
perhaps supporting the theory that the matrix is turning over,
forming an altered, more aligned, extracellular matrix to support
the mineralization process. The use of PCA allowed us to
objectively map the changes along the length of the tendons
while comparing and contrasting young and mature tendons.
The same chemical changes were found across tendons from
turkeys in both ages, supporting the hypothesis.
■ CONCLUSION
Raman spectroscopy has been used to study regions of TLTs
that have diﬀerent mineralization statuses, the technique
allowing probing of the collagen and mineral simultaneously
(at a spatial resolution of a few micrometers). The main ﬁnding
is that there is a shift toward a more ordered (aligned) collagen
matrix prior to the presence of mineral; this suggests that the
areas of mineralization are predetermined. This work provides
further detail on the mineralization process and suggests that
Raman spectroscopy could facilitate the monitoring of a
perturbed mineralization system.
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